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1. Introduction

The rapid increase in the world’s population and developing new technologies has

resulted in high energy demands, along with rapidly declining of current energy

resource reserves [1–3]. Moreover, sky-rocketing development, including industrializa-

tion, urbanization, and our modern way of living, makes the transportation sector a field

of major energy demands, which lead to long-term unavoidable deprivation in the

availability of petroleum products [3, 4]. According to the current scenario,
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environmental pollution and energy crises are predicted to be major challenges in the

near future [5]. Therefore, the world’s scientific communities and policymakers have

focused on the development of alternative fuels derived from renewable sources so that

the energy sector can overcome the problems associated with depleting reserves of

crude oils [3, 6].

Although there are various forms of renewable sources, biomass derived from plant

materials or biological matters, including both flora and fauna, are gaining more interest

day by day and are recognized as a major world renewable energy source [7]. In general,

lignocellulosic biomass is composed of cellulose (linear polymer of glucopyranose),

hemicelluloses (a polymerized form of glucose, mannose, and xylose), lignin (amorphous

phenolic polymer), and minute amount of other organics depending on the plant species

[8, 9]. Lignocellulosic biomass can be converted into various forms of energy, such as

liquid fuels including bio-oils, which can serve as a promising candidate to replace petro-

leum fuels [3, 8, 10].

Pyrolysis is one way in which biomass can be converted directly into bio-oils, and

even though it can be produced by all types of available biomasses such as woods, agri-

cultural residues, organic wastes, aquatic plants, and algae. Pyrolysis oil, biofuel oil, pyro-

lytic oil, and liquid wood are different synonyms of bio-oils [3]. However, the bio-oil

produced by pyrolysis is totally different from themicrobial oils. Microalgae showed their

potential to produce microbial oil in a sustainable manner due to their fast growth rate in

comparison to terrestrial photosynthetic plants [11]. Microalgal cells usually have a short

doubling time of just 24h; however, this time reduces to 3.5h at the peak of exponential

growth [11].Moreover, microalgae have various other advantages including the ability to

grow in saline water and exploit low-quality agricultural land, use of carbon dioxide as an

inorganic carbon source, mitigation of greenhouse gases, higher photosynthesis effi-

ciency, being less water-dependent than plants, wide range of tolerance to environmental

stresses, and tolerance to shear force with high biomass productivity. All these factors

make microalgae a suitable option for microbial oil production [12–20].
Along with these advantages, the most important factor which makes microalgae

more promising for oil production is having no overlap with food supply, which

completely overcomes the “food versus fuel” debate [21–24]. Microalgae is characterized

as an extraordinary specific group of photosynthetic microorganisms, which consist

mainly (90% of dry weight) of carbohydrate, protein, and oil [17], and in terms of mor-

phology, microalgae come under the extremely diverse group from unicellular to multi-

cellular organisms like plants [25]. Unicellular algae consist of chloroplast for

photosynthetic reactions, pyrenoids for energy storage, and contractile vacuoles for

osmotic balance [25]. Some unique features of high growth rate and accumulation of

the extensive amount of lipids make microalgae a very promising alternative source of

energy, which has become one of the hottest topics for the world scientific community

working on renewable resources for oil production [26, 27]. Due to their photosynthetic

activity, microalgae confine solar energy and fix atmospheric CO2 for their growth and
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produce a variety of nutritional and bioactive compounds such as phycobiliproteins,

carotenoids, fatty acids, and natural oxidants [16, 27].

Microalgal oils can be processed into biodiesel through a series of upstream and

downstream processes including growth on various inorganic or organic carbon sources,

harvesting of cultures, drying of biomass or processingwet biomass, pretreatment of biomass

for the disruption of cells, lipid extraction by different methods, purification of lipids (tria-

cylglycerols), and finally transesterification to convert lipids into ethyl ormethyl esters forms

of which biodiesel consists [24]. Lipid extraction from oleaginous microorganisms involves

high cost and labor-intensive processes that hinder commercialization of biodiesel produc-

tion [28]. The lipids are synthesized intracellularly, which creates a problem in the

downstream process in lab- or large-scale production [29]. The cellular integrity must be

interrupted for the enhanced lipid extraction, which can be proceeded by various pretreat-

ment techniques of cellular biomass followedbyorganic solvent extraction of lipidswith the

lysed biomass [30]. However, it is not easy to disintegrate the cellular structure in wet con-

ditions; a prior dewatering/drying step is required, which is again an energy-intensive and

expensive procedure that makes this task difficult on a large scale [31]. Bligh & Dyer and

Folch methods for lipid extraction are considered conventional methods that only work

at lab scale using organic solvents such as chloroform and methanol [32]. Different issues

related to these techniques should likewise be considered for the improvement of cell

disruption [32, 33].

At present, different mechanical, chemical, and enzymatic pretreatment methods

such as high-speed homogenization, microwave, ultrasonication, bead beating, osmoly-

sis, and oxidative destruction are utilized to disintegrate the cells of oleaginous microor-

ganisms in laboratories [34, 35]. However, the efficiency of all these methods are not yet

reported on an industrial scale [36]. Some common methods, such as expeller press and

bead beating, are applied to break the cellular structure of microorganisms before solvent

extraction on an industrial scale; however, the microbial biomass should be free from

moisture. The organic solvent cannot be applied to wet biomass for the lipid extraction

purpose because the presence of moisture or water creates surface charges on the cells that

interfere in the establishment of the contact between cells and organic solvents [37].

Drying of biomass is an expensive step for industrial-scale lipid production, hence, it is

necessary to develop a technique appropriate for lipid extraction from wet biomass [38].

Moreover, lipid extraction, along with other techniques, also has some disadvantages

regarding efficiency and energy intensiveness. The most effective alternative of solvent

extraction is supercritical fluid extraction, where supercritical CO2 is used as a primary

solvent which is considered as non-toxic and fireproof solvent that makes a certain extent

of adjustable selectivity [39–42]. Its operating conditions are very flexible to operate in

low temperature (30–40°C), making it appropriate for thermosensitive lipids, while its

moderate pressure (72.9bar) does not increase the compression cost [43–45]. CO2 has

been a very promising fluid in supercritical fluid extraction due to its low toxic, nonflam-

mable, and unreactive nature [46, 47].
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2. Lipid accumulation in microalgae

Oleaginous microalgae are considered promising microorganisms as they can utilize both

organic and inorganic carbon sources through four different modes of nutrition: autotro-

phic, mixotrophic, heterotrophic, and photoheterotrophic [17, 36, 48, 49]. Sub-cellular

compartments in microalgae are the main organelles where synthesis of triacylglycerols

takes place as a result of multiple enzymatic reactions [50]. The three major steps of lipid

synthesis in oleaginous microalgae involve the fatty acid accumulation in chloroplasts, the

assembly of glycerolipids in the endoplasmic reticulum, and finally, the deposition of tria-

cylglycerols in the form of lipid droplets in the cellular compartment of microalgae [51].

It has been reported that various types of physical, chemical, or physicochemical stresses

to theoleaginousmicroorganisms support the accumulationof large amounts of lipiddrop-

lets inside the cells [52]. Under stress conditions with excess amounts of carbon source,

algae alter their biosynthetic pathway towards the accumulation of neutral lipids in the

form of triacylglycerol, which serves as a storage form of carbon and energy [26, 53].

Microalgae are well known for their characteristic de novo lipid accumulating feature,

which involves a series of events starting from the chloroplast, in which CO2 fixes into

sugars, which are further processed to form acetyl CoA, a precursor component for fatty

acid synthesis. A number of enzymatic reactions and multiple pathways participate to

maintain the pool of acetyl CoA [16, 54]. Fatty acid synthesis also requires a high amount

of energy and reducing power in form of ATP, NADH, and NADPH [52, 55, 56]. Pho-

tosynthetic reaction plays a characteristic role in the formation of reducing power (NADH

and NADPH) as well as the fixation of inorganic carbon source [57]. Previous studies on

fatty acid synthesis inmicroalgae show that the final acyl chain length inmost of the algae at

the time of coming out from chloroplast varies from 16 to 18 carbon.

Finally, the formation triacylglycerol occurs in the endoplasmic reticulum with the

help of a group of enzymes acyltransferases that catalyze the consecutive acylation of

synglycerol-3-phosphate (G3P) backbone with three acyl-CoA [58]. Synthesized triacyl-

glycerol forms oil droplets, also known as oleosomes, lipid droplets, and oil bodies, which

are generally separated from the endoplasmic reticulummembrane and considered as dis-

tinct organelles, which are dispersed in the cytoplasm by a single layer of phospholipids

with hydrophilic head groups on the surface [57]. The lipid droplets are usually composed

of an inner lipid core surrounded by a protein-coated lipid monolayer [59, 60].
3. Existing methods for lipid extraction from microalgae

Sustainable production of microbial oil entirely depends upon efficient extraction of

lipids from microalgal cells [61]. The presence of thick and robust cell walls in micro-

algae is a major drawback, making lipids recovery challenging and more complicated,

which in turn restricts the uses of microalgae biomass as a raw material on an industrial
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scale due to the high cost and energy demands [19]. To overcome these challenges,

there are plenty of methods for lipid extraction which make the process easier and

can meet the essential requirements of being eco-friendly, less time consuming, energy

efficient, cost-effective, environmentally friendly, and efficient for industrial-scale pro-

duction [62, 63].

Lipid extraction from oleaginous microorganisms can be carried out by mechanical,

chemical, thermal, electromagnetic, or biological methods, which have their own advan-

tages and disadvantages [64]. Apart from this, there are two broad routes in which pro-

cessing of dry and wet cell biomass for lipid extraction occurs [65, 66]. Compared to dry

biomass methods, the wet route seems to be a better way of lipid extraction due to lower

cost and energy demands, which can also mitigate the toxicity arising from the use of

organic solvents, making the process more feasible on an industrial scale as a result of

eliminating the drying process prior to lipid extraction [26, 67].
3.1 Folch and Bligh & Dyer extraction methods
The Folch method and the Bligh & Dyer method are the oldest and most widely prac-

ticed techniques for lipid extraction and are based on solvent extraction by using

chloroform-methanol mixtures (2:1 by volume) [68, 69]. The Folch method can process

a large number of samples within a short time; however, its low sensitivity over the latest

technologies is a major disadvantage, whereas the simplicity of Bligh & Dyer method

over the Folch method makes it more applicable for pilot and large-scale extraction

processes [29].
3.2 Superior solvents extraction method
Although Folch and Bligh & Dyer methods are widely practiced, low lipid recovery,

together with the use of toxic chemicals such as chloroform, methanol, and hexane,

which affect the environment and human health adversely, is a major drawback. There-

fore, the use of less toxic and less effective solvents or a mixture of solvents would be a

better option for extraction purposes. As a solvent, 2-ethoxyethanol (2-EE) is very effec-

tive and considered environmentally safer in comparison to traditional solvents [29].

Mixtures of polar and non-polar solvents can be a good option to enhance lipid yield

as well as FAME recovery by up to 50%. Microalgae accumulate lipids in the form of

TAGs that are non-polar compounds, hence the mixture of polar and non-polar solvents

can positively affect the extraction and lipid recovery [70]. In a mixture, polar solvents are

responsible for separating the lipids from their protein-lipid complexes and facilitate their

dissolution in non-polar solvent [71]. Moreover, this strategy can be applied to wet

microalgal biomass, in which polar solvent can cross the water barrier and facilitate

the lipid extraction of the non-polar solvent [72, 73].
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3.3 Expeller press and bead beating
Expeller press and bead beating are among the oldest mechanical techniques applied to

enhance lipid extraction from microalgae [19, 74]. The expeller press uses mechanical

crushing in an oil press, while bead beating relies on a grinding mechanism. Shaking ves-

sels and agitated beads are types of beads that break cells by shaking the culture vessel

[75–80]. High hardness and density of zirconia-silica, zirconium oxide, or titanium car-

bide beads improve the disruption rate and extraction efficiency [81, 82]. However, in an

expeller press, special care should be taken when choosing the working pressure as under

certain values the excretion of pigments alongside lipid extraction can be enhanced,

resulting in an increase of the overall downstream processing cost [83]. On the downside,

generation of high heat, low lipid recovery, and machine choking problems are the main

demerits of the bead beating technique, which restricts its use to extraction processes

[29, 84].
3.4 Microwave-assisted extraction (MAE)
Microwave-assisted extraction (MAE) offers a green, safe, rapid, and economical way of

lipid extraction, which also reduces the cost associated with drying of microalgal biomass

[33, 61, 76, 85, 86]. Cost-effectiveness, low energy requirement, rapid procedure, high

lipid recovery, accompanied with purity and avoidance of utilization of hazardous sub-

stances, are the major advantages of this method [61, 87]. However, the maintenance cost

on large-scale production is a significant issue with this technique [88]. Microwaves cre-

ate an oscillating electric field that generates heat when in contact with a polar substance

such as water, due to which cells are ruptured as a result of the formation of water vapor

inside the cells; the effect is similar to the electroporation effect, which is responsible for

leakages in the cell membrane and release of intracellular contents [33, 76, 85, 86, 89–92].
Implementation ofMAE along with ultrasonication can be a good choice for lipid extrac-

tion from oleaginous microalgae (Chlorella vulgaris) and yeast (Rhodosporidium kratochvilo-

vae HIMPA1) [87]. Factors like microalgal species, temperature, the power of

microwave, solvent properties, and volume used are the key factors which determine

the efficiency of microwave-assisted extraction [93].
3.5 Ultrasound-assisted extraction (UAE)
UAE is another simple, eco-friendly, and time efficient alternative to extract lipids from

oleaginous microorganisms that overcome the problems associated with the conventional

methods. It can be operated under mild temperatures and pressures and it does not

require any chemicals. Cavitation and acoustic streaming are two different phenomena

that are generated when ultrasound is applied to cells. Cavitation is the factor through

which ultrasonication ruptures the cell walls and at the same time produces microbubbles

in presence of liquid cultures [77, 94–96]. These bubbles eventually collapse and emit a

shockwave, due to which cell walls are shattered and release the intracellular content in
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the corresponding medium [65, 89, 93, 97–99]. The mixture of polar and non-polar sol-

vents, high frequencies, along with operation time can be optimized for enhanced lipid

extraction [93, 100]. UAE has several advantages such as low operating temperature, low

set-up costs, short processing time, and high purity of the final product, making this pro-

cess useful for lipid extraction from microbial biomass [93].

3.6 Osmotic shock
This method works on the principle of osmotic balance by varying the salt concentration

and causing hyper and hypo-osmotic conditions [73, 101]. Among them, hypo-osmotic

conditions play a significant role in lipid removal from microalgae due to the high intra-

cellular salt concentration, causing water or fluids to move into the cellular compartment

which in turn results in cell swelling and bursting [102–104]. Osmotic shock treatment,

using a mixture of polar and non-polar solvents on wet biomass of Chlamydomonas rein-

hardtii, showed two-fold increase in lipid recovery as compared to other processes [73,

104]. In other microalgae such as Botryoccus sp. and Chlorella sorokiniana, it also showed

positive results [105]. Lipid extraction through this method is dependent on the cell wall

properties and other species specificities, making this process more complicated, which

limits its application [99, 106–108]. Although osmotic shock-assisted lipid extraction has

been successfully used at lab scale; however, the feasibility of technology and pilot-scale

production requires intensive research in this field [65, 73].

3.7 Oxidative stress
The technique of oxidative stress involves pre-treatment of algal biomass with oxidative

agents like free nitrous acid (FNA) that enhance the extraction efficiency [109]. This can

be a most efficient technique in terms of low production cost, and from an environmental

point of view because FNA is a green and renewable chemical. According to the studies,

the cultures treated with FNA show a 2.4 fold increase in lipid yield (up to 2.19mg

HNO2-N/L) [109]. Other than this, UV is also a good oxidative agent for the pretreat-

ment method to improve the lipid extraction [110].

3.8 Electroporation
Electroporation is a technique that is diversely used in molecular biology research to

enable transportation of chemical, drug, and foreign DNA products into the cell [111,

112]. Nowadays, this technique is also used for lipid recovery from microalgal cells

[102, 111, 112]. The applied electrical field on wet algal biomass creates aqueous pores

in the cell walls, which enhances both membrane permeability and conductivity, hence

mass transfer across the cell membrane is also increased [113–115]. It has been reported

that lipid recovery can be enhanced with this method without affecting the composition

and quality of lipids, however, more studies are required to prove its effectiveness on

various types of microorganisms [63, 113, 116].
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3.9 Isotonic extraction method
Isotonic extraction methods include different solvent-free extraction techniques [29, 76,

117]. These techniques use ionic liquids instead of toxic organic solvents for lipid recov-

ery [117]. It is relatively easy to design solvents with specific polarity, hydrophobicity,

conductivity, and solubility as a result of the high synthetic flexibility of ionic liquids.

However, there are only a few studies that have been performed in this field and it is

too early to conclude whether this method will be applicable [65, 73].
3.10 Enzymatic disruption
This method involves the use of different enzymatic cocktails for cell wall disruption

prior to recovery of lipids. Cellulase, neutral protease, alkaline protease, papain, and lyso-

zyme are the main enzymes used in this process [116, 118]. In contrast to other mechan-

ical disruption techniques, like sonication, this makes the extraction process easy and low

time consuming [116, 118]. Although enzymatic disruption is a poorly studied method in

the algal cell, the selectivity of reactions and lack of any side effects on the final products

leads to excellent lipid recovery [119]. According to Fu et al., an increment of approx-

imately 14%was observed in lipid extraction efficiency when the cell wall ofChlorellawas

disrupted by enzymatic hydrolysis, compared to unhydrolyzed microalgae [119a]. High

selectivity, optimal operating temperature, and no corrosion are the main advantages that

make this process more accessible over physical and chemical methods of lipid

extraction [116].
4. Problems associated with currently available methods

The above discussion highlighted the different techniques and methods that are involved

in lipid extraction. Production of microbial oil or other products totally depends on the

yield of the product or scalable recovery, making the downstream process the foremost

step during pilot-scale production [120]. Success of any method or technique is strongly

dependent on the cost involved in the process, easiness of the protocol, time require-

ments, toxicity levels of the compounds used in the process, eco-friendly nature, viability

of process, minimum dependence on conditions such as temperature and pressure, and

worldwide acceptability [33, 65, 117, 121]. However, a number of techniques, as dis-

cussed earlier, are used for extraction purposes, although all these methods have problems

at some stage or level. For example, physicochemical methods involve the use of toxic

organic solvents like chloroform, methanol, and hexane, which are not only harmful to

the environment but also create hazardous impacts on human health unless carefully

controlled [89].

While physical methods such as crushing, grinding, and pressure-assisted disruption of

cells are enormously efficient techniques, their high energy demands and the need for

skilled labor increase the overall cost and makes them impractical for industrial
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applications. Generation of high amounts of heat, and strain dependence are also some

common problems with these methods, which affect the quality of products and restrict

its uses. Apart from this, the thick cell wall and non-porosity of microalgae cells prevent

the release of intracellular lipids; hence, a pretreatment step is required to disrupt the

indehiscent cell wall of microalgae, which ultimately increases the overall

production cost.
5. Hydrothermal liquefaction (HTL)

Hydrothermal liquefaction (HTL), also referred to as the Environment-Enhancing

Energy (E2 -Energy) system, is a process which tackles the direct conversion of wet bio-

mass into fuel energy in an energy-efficient manner that results in high bio-oil yield

[8, 122–128]. The process of biomass conversion into bio-oils in HTL is achieved with

high temperature (280–374°C) and moderate pressure (10–25MPa), which decreases the

strength of hydrogen bond and lowers the dielectric constant of water, due to which,

solubility of lower polarity molecules is enhanced [123, 126]. High temperature and pres-

sure also help in the polymerization of small molecules that further act as a precursor for

bio-oil [123]. At the same time, a mixture of several reactions like acid catalysis and

hydrolysis also performs fundamental roles in the decomposition of macromolecules pre-

sent in algal biomass such as lipids, proteins, carbohydrates, and algaenans [8, 122, 127].

Properties like conversion of proteins and carbohydrates into bio-oil, recycling of

nutrients essential for algal growth, i.e., nitrogen, phosphorus, magnesium, iron, calcium,

potassium, etc. proves the HTL process to be more promising in the field of bio-oil pro-

duction in comparison to other process, i.e., pyrolysis and gasification [8, 91, 127].

Although the HTL process provides a superior quality of bio-oil in terms of thermal

and storage stability, it cannot, however, be used as a transportation fuel because of

the presence of high amounts of O and N, which still require subsequent upgrading

before use [8, 122, 123, 129, 130]. High energy consumption due to the utilization of

high temperature and pressure is another demerit of this method; however, it can be

advanced by using continuous-scale subcritical water reactors [126].
6. Supercritical fluid extraction

Although supercritical fluid extraction (SFE) has been known of for >100 years for its

solvent abilities; however, its commercial application was not feasible due to the lack

of focused research in this area [131]. Incessant research in the field of extraction evolved

this technique to a new level with lipid extraction from microalgae in the presence of

supercritical fluids like ethylene, ethane, methanol, benzene, ethanol, toluene, CO2,

and water [107, 121].
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The basic principle behind SFE is to achieve a condition in which the meniscus sep-

arating the liquid and vapor phases disappears,which is obtained beyond the critical point

of a fluid [132]. Among the different choices of supercritical fluids, CO2 is gaining

increasing attention in the extraction of pharmaceutical and health-related products

[133]. Due to the non-polar nature of CO2, this shows high selectivity towards neutral

lipids, especially TAGs, which together with its inability to solubilize phospholipids,

makes the process highly specific towards TAGs [47, 107]. Along with these properties,

low critical temperature (31.1°C) of SFE provides an excellent solution to extract ther-

mally sensitive lipids avoiding thermal degradation [43, 134]; however, supercritical

CO2 (SC-CO2) extracted products also contain a small amount of impurities of free fatty

acids, sterol, and pigments [135].

The efficiency of the supercritical CO2 extraction processes depends on the chosen

operating conditions, in which different conditions of several physical parameters

such as pressure (20–60MPa), temperature (303.15–333.15K), and CO2 flow rate

(0.06–30g/min) have been tested, and it has been suggested that up to 100% extraction

yield can be achieved only by increasing the pressure at a constant temperature [134]. Often

the extraction efficiency can present variations between dried and wet microalgal biomass

and it has been proposed that high extraction yield can be obtained with biomass of low

moisture content, hence drying of biomass is required prior to SC-CO2 extraction to

enhance the lipid yield [136]. As such, this technique can serve as a suitable alternative

for the extraction technique.

6.1 Major advantages of supercritical fluid extraction
The incredible properties of supercritical CO2 eventually increase the levels of lipid

extraction compared to other conventional methods. This process overcomes one of

the biggest disadvantages of other methods, which is the degradation of extracts, by pro-

viding a non-oxidizing environment and the low critical temperature (around 31°C) also
prevents the thermal degradation of extract [47]. Other advantages include non-toxicity,

simple and easy downstream process as a result of the easy separation of CO2, and the high

diffusivity and low surface tension increase the penetration of pores that are too small for

chemical solvents [137]. SFE can be a promising techniquewith several distinct properties:

(1) Prior discussion highlights that SFE involves different parameters like temperature

and pressure that are easy to modify and provide high selectivity, which allows easy

extraction of complex samples [138].

(2) Extraction and quantification process of highly volatile compounds is another

advantage of SFE, which becomes possible due to the direct coupling with a chro-

matographic method [137].

(3) It can be applied on a wide range of sample amounts ranging from a few grams to

kilograms and even up to tons, which is very helpful for both lab and pilot levels of

production [139].

(4) Quick and selective extraction reduces the separation cost [140].
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(5) SFE is the latest technique to provide more information about extraction and puri-

fication. One can use this information for optimization purposes and to evaluate the

extraction efficiency [135].

(6) Low viscosity and high diffusivity enhance porosity, which enables penetration into

solid material very efficiently, resulting in faster, quantitative, and complete

extraction [47].

(7) Proper elimination of polluting organic solvents and flexibility of process encour-

ages its worldwide application [39].

(8) Supercritical CO2 is more advantageous as compared to other organic solvents, it is

considered as a safe and non-flammable solvent [40, 42, 82, 132, 141, 142].

(9) SC-CO2 demonstrates enormous capabilities to separate less volatile and high

molecular weight compounds; as pressure rises, more polar molecules also can

be separated.

(10) Use of CO2 as compared to other solvents makes the extraction cheaper because of

the reusable properties of CO2. Its easy availability and contamination-free prod-

ucts are the major advantages of the process [40].

6.2 Extraction of lipids from microalgae using supercritical
carbon dioxide
A list of microalgal species that have been tested for lipids extraction with SC-CO2 under

optimal conditions and their advantages and disadvantages are listed in Table 1. Tang

et al. [143] isolated lipids from the microalga Schizochytrium limacinum by using

SC-CO2 and under the optimum pressure (35MPa) and temperature (40°C) conditions;
33.9% of lipid yield was achieved while high-purity of docosahexenoic acid (DHA) was

processed by a urea complexation method [143]. In another study, it was revealed that

bead milling of microbial biomass enhances the lipid extraction from Chlorella vulgaris

when using SC-CO2 [82]. The lipids and pigments from the oleaginous microalga Nan-

nochloropsis sp. were extracted with SC-CO2 at the optimized conditions of pressure and

temperature, while ethanol was used as co-solvent [144]. It was reported that a maximum

of 45g of lipids per 100g dry microalgal biomass and 70% of the total pigment can be

extracted after optimized condition by this method [144].

In a study, various extraction techniques were evaluated for the fatty profiles of

marine microalga Tetraselmis sp. M8, where it was reported that SC extraction method

was the most effective method among all tested techniques for the lipid extraction espe-

cially for long-chain unsaturated fatty acids [145]. Solana et al. [136] compared three

microalgae, Scenedesmus obliquus, Chlorella protothecoides, and Nannochloropsis salina for

the oil rich in α-linolenic acid as essential fatty acids by supercritical fluid extraction

[136]. The highest extraction yield was reported at 60°C and 30MPa with 0.4kg/h

of CO2 and 5% of ethanol as co-solvent. Among all tested microalgae strains, Scenedesmus



Table 1 List of lipids extraction from different microalgae using SC-CO2 under optimum
conditions

Microalgae
species

SC-CO2 condition
for lipid extraction
e.g. pressure (MPa),
temp (°C), CO2

flow rate and/or
co-solvents

Lipid
concentration,
LC (%, w/w) or
extraction
yield, EY (%) Remarks References

Schizochytrium

limacinum

35MPa, 40°C, 95%
v/v ethanol as a

co-solvent

LC, 33.9% High DHA purity

and superb

product quality

along with total

lipid extraction

[143]

Chlorella vulgaris 60MPa, 59.85°C,
5% ethanol

LC, 11.43% Low toxicity [82]

Scenedesmus sp. 50MPa, 53.85°C,
1.9g/min CO2

flow rate

LC, 7.34% Totally free of

solvents

[44]

Nannochloropsis

sp.

30MPa, 39.85°C LC, 33% No heavy metals

are present in

CO2 or the

equipment;

Energy-

intensive due to

use of high

pressure

[144]

Nannochloropsis

sp.

30MPa, 40°C, 20%
ethanol

LC, 45% No extra unit

operations

needed, and

yield of useful

material is very

high

[144]

Tetraselmis sp 35MPa, 39.85°C,
CO2+ethanol

LC, 10.88% CO2 recycling

avoids

greenhouse

effect

[145]

Commercial

algae

30MPa, 29.85°C,
propanol

EY, 90.56% [147]

S. obliquus 20MPa, 65°C LC, 18.15%

and EY

24.67%

Lower extraction

time

[136]

Pavlova sp. 35MPa, 40°C LC, 10.4% and

EY 34.0%

Mass transfer

equilibrium

could be

favorable; High

equipment and

operational cost

[148]
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Table 1 List of lipids extraction from different microalgae using SC-CO2 under optimum
conditions—cont’d

Microalgae
species

SC-CO2 condition
for lipid extraction
e.g. pressure (MPa),
temp (°C), CO2

flow rate and/or
co-solvents

Lipid
concentration,
LC (%, w/w) or
extraction
yield, EY (%) Remarks References

Chlorella

protothecoides

30MPa, 70°C LC, 21% High efficiency [45]

Nannochloropsis 55MPa, 55°C LC, 44% CO2 is highly

selective and no

chance of polar

substances

forming

polymers exists

[146]

Hypnea charoides 37.9MPa, 50°C LC, 6.7% [149]

Chlorella vulgaris 35MPa, 55°C LC, 13% Recycling of CO2

minimizing

waste

generation

[150]

Crypthecodinium

cohnii

30.0MPa, 49.85°C LC, 50% Selective

extraction of

the specific

compound;

Energy-

intensive due to

use of high

pressure

[40]

Botryococcus

braunii

25MPa, 50°C LC, 17.6% Ideal technique to

study thermally

labile

compounds

[43]

Arthrospira

(Spirulina)

maxima

25MPa, 49.95°C LC, 40% [151]

Chlorella vulgaris 35.0MPa, 54.95°C LC, 52% [151]
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obliquus showed the highest amount of total ω-3 fatty acid and α-linolenic acid compared

to the other species [136]. Andrich et al. [146] used supercritical CO2 for the extraction of

bioactive lipids with a high proportion of polyunsaturated fatty acids (PUFA) from uni-

cellular microalga Nannocloropsis sp. [146].
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6.3 Application of supercritical fluid extraction
SFE is one of the oldest methods for lipid extraction and, on the analytical and prepar-

ative scale, it is one of the most widely used techniques, which enables the efficient lipid

recovery from not only microalgae but also allows the smooth and obstacle-free extrac-

tion of essential oils from rosemary, fennel, coffee seeds, and anise [140]. Nowadays,

refining is the main method for removing undesired components from crude vegetable

oils and has several advantages in the food industry, but it also eradicates some of

the valuable compounds that also affect the quality of oils. SFE is an excellent method

to overcome these problems as inactive CO2 does not interact with the desired product

and, due to its gaseous nature, it is easy to separate, allowing a good product

quality [152].

Wheat germ oil, rice bran oil and crude palm oil, essential oil, fatty acids, and bio-

active compounds can be extracted by SC-CO2 in a better way as compared to other

techniques [141]. Along with these properties, it is also important for the fractionation

of fish oils and their conversion into omega-3 fatty acids. It also plays a key role in the

pharmaceutical industry for the purification and quantification of active enantiomer,

among several other applications. This technique not only offers an excellent solution

in the field of food and pharmaceuticals but also is advantageous in environmental

research such as for the removal of heavy metals and reduction of secondary waste

generation [41].
7. Conclusions and future perspectives

Increasing population, alongside global industrialization, has increased the consumption

rate of petroleum oils, making the sufficient supply of petroleum challenging in the long

run. Hence, wemust move to the use of sustainable and renewable sources of oils to over-

come the imminent shortage problems and reduce the negative impact of the use of fossil

resources. In this regard, microbial oils can be considered as an appropriate substitute for

petroleum oils.

Microbial oils in the form of lipid droplets are usually synthesized intracellularly and

lipid extraction must be carried out after the disintegration of the indehiscent microbial

cellular framework. Although various physical, chemical, physicochemical, and biolog-

ical methods have been introduced to facilitate lipid extraction from oleaginous micro-

organisms, this presently has certain limitations. Achieving an extraction efficiency close

to 100% is a crucial step aiming to enhance the lipids yield and meet the current demands

of oils. Recent research advances have proved that SFE can be an excellent alternative

technique over other available traditional methods of extraction, avoiding pretreatment

of the microbial cells prior to its application. Although this is the oldest technique, the
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process has been evolved over time and certain improvements have been made in the

field of lipids extraction from microalgae using SC-CO2.

There are some other important factors needed to improve the further use of this

technique, e.g., its low polarity problem during operation, which can be solved by

using co-solvents as a polar modifier. However, this cannot solve the problem at a sig-

nificant level, and the other important issue is the critical point that creates a phase

equilibrium situation because overall process is highly sensitive to change in parameters

of the reaction or change in the operating conditions (theoretically, the solubility of

the compounds in SC-CO2 as a function of temperature and pressure) where phase

engineering plays a key role, therefore, process optimization requires a lot of studies

that can improve the technology in an efficient manner. Finally, the lack of realistic

economic studies on the SC-CO2 extraction of lipids also hinders its industrial-scale

application.
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